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Abstract: Efforts to integrate biogas plants into bioeconomy concepts will lead to an expansion of
manure-based (small) biogas plants, while their operation is challenging due to critical characteristics of
some types of livestock manure. For a better process understanding, in this study, three manure-based
small biogas plants were investigated with emphasis on microbiome diversity. Due to varying digester
types, feedstocks, and process conditions, 16S rRNA gene amplicon sequencing showed differences
in the taxonomic composition. Dynamic variations of each investigated biogas plant microbiome
over time were analyzed by terminal restriction fragment length polymorphism (TRFLP), whereby
nonmetric multidimensional scaling (NMDS) revealed two well-running systems, one of them with a
high share of chicken manure, and one unstable system. By using Threshold Indicator Taxa Analysis
(TITAN), community-level change points at ammonium and ammonia concentrations of 2.25 g L−1
and 193 mg L−1 or volatile fatty acid concentrations of 0.75 g L−1were reliably identified which are
lower than the commonly reported thresholds for critical process stages based on chemical parameters.
Although a change in the microbiome structure does not necessarily indicate an upcoming critical
process stage, the recorded community-level change points might be a first indication to carefully
observe the process.
Keywords: manure-based small biogas plants; microbial diversity; dynamic variations; 16S rRNA
gene amplicon sequencing; terminal restriction fragment length polymorphism (TRFLP); nonmetric
multidimensional scaling (NMDS); Threshold Indicator Taxa Analysis (TITAN); plant performance
1. Introduction
Anaerobic digestion of livestock manure for the production of biogas provides a number of benefits
creating interest in this technological application in many countries all over the world (e.g., [1–4]).
Firstly, it produces methane (CH4) that can be used for the generation of electricity, heat and fuels
and, as the production of biogas is independent from weather conditions, it can provide base-load
power and holds the potential to balance fluctuating electricity supply from other renewable energy
sources [5–7]. Secondly, it reduces greenhouse gas emissions from livestock husbandry (e.g., [8–11]) at
relatively low mitigation costs [12–14] by substituting fossil fuels, avoiding CH4 and nitrous oxide
(N2O) emissions from manure storage, replacing synthetic fertilizers and decreasing N2O emissions
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after field application of digestates [15,16]. Thirdly, anaerobic digestion of livestock manure improves
organic fertilizer quality compared with undigested manure due to a better availability of important
crop nutrients such as ammonium, phosphate and potassium and simultaneously improves soil
structure and increases the soil organic matter content [17,18]. Moreover, biological degradation
during anaerobic digestion can decrease the concentrations of weed seeds [19], pathogens [20,21] and
antibiotics [21,22].
In Germany, for example, approximately 1080 biogas plants use livestock manure with a mass-based
share of manure of at least 80% [23], whereby half of them are so called manure-based small biogas
plants with an installed capacity of ≤75 kWel [23]. Despite the benefits of using livestock manure for
biogas production and the promotion by the Renewable Energy Act since 2009, still only 26.6% of
the produced liquid cattle manure, 4.6% of solid cattle manure, 15.9% of swine manure and 13.4% of
chicken/poultry manure were converted by anaerobic digestion in 2017 [24]. Causes for the currently
low exploitation of the manure potential for biogas production lie in a number of specific challenges:
Firstly, feedstock characteristics of some types of livestock manure are critical for the process of
anaerobic digestion, e.g., the high lignocellulose contents of solid cattle and horse manure or the high
nitrogen content of solid chicken/poultry manure [25–29]. Secondly, CH4 yields mainly depend on the
livestock/animal type the manure derived from [30–32] and are generally lower compared to crops,
especially energy crops [33]. Last, but not least, the high water content and low energy density of
liquid livestock manure make the transport highly inefficient and thus require biogas plants close to
the livestock facilities which often results in small-scale biogas plants with high specific investment
cost for electricity generation [34].
Regarding the feedstock characteristics, e.g., of chicken manure, and the related risk of a process
disturbance due to an elevated release of ammonium nitrogen and free ammonia (NH4+/NH3) [35–37],
the objective of many studies was and still is to derive recommendations for an optimized
process operation and to provide benchmarks that indicate impending critical process conditions.
Often reported threshold values for process inhibition range between 3 to 5 g L−1 for NH4+ and
80 to 400 mg L−1 for NH3 [35,36,38,39]. There is evidence that certain members of the biogas
microbiome, e.g., members of the bacterial phyla Bacteroidetes and Cloacimonetes, respond sensitively
against elevated NH4+/NH3 concentrations, which is indicated by a significant decrease in their
relative abundance or even their disappearance prior to an upcoming process disturbance [38–40].
However, it has also been shown that the biogas microbiome is enabled to adapt to higher NH4+/NH3
concentrations [41,42]. Nevertheless, the effects on the biogas microbiome are still not completely
understood and hence the handling of feedstocks such as chicken manure is still critical and requires
further research. Moreover, a process instability or disturbance is most often not related to one single
cause/factor but rather to various cause/factors [37]. In this regard, higher process temperatures,
for example, lead to an enhanced conversion of biomass into biogas per time unit due to a higher
microbial activity, which subsequently also lead to an accelerated release of organic acids and other
potentially process-inhibiting metabolites. Hence, a better understanding of the digestion process,
particularly the underlying microbial diversity and how biogas microbiomes respond to management
measures of the plant operators, can help to cope with unfavorable feedstock characteristics and to
increase methane yields from livestock manure.
In order to elucidate the microbial diversity, various methods are available, ranging from isolation,
cultivation and characterization of especially yet unknown microorganisms [43–45], through the
detection of highly complex and dynamic microbial communities [39,46–48] right up to the application
of multivariate statistics [49–51] and microbial network analyses [52–54]. Among the available methods,
16S rRNA gene amplicon sequencing is mostly used to compare different anaerobic digesters at a
certain time while highlighting that the microbiome structure is significantly affected by the supplied
feedstocks (available macro- and micronutrients), the process temperature as well as the NH4+/NH3
concentration [55–58]. However, long-term studies are highly important as they provide information
about the microbiome response to changing environmental conditions [59,60], e.g., the management
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measures of anaerobic digestion plant operators. In this regard, a few studies showed that changes
are not necessarily reflected by changes in the relative abundances of members of the so-called core
microbiome, but rather in the variability of rarely occurring taxa, the transient microbiome [39,61–63].
Regarding this, established methods such as terminal restriction fragment length polymorphism
(TRFLP) are still of great value, especially considering how microbial communities might respond to
process instabilities and/or disturbances [38,39,46,64].
To the best of our knowledge, no studies are available so far which investigated the microbiome
diversity of manure-based (small) biogas plants. Therefore, the objective of this study was to investigate
the taxonomic microbiome structure of three manure-based small biogas plants and to relate their
dynamic variations over time to the process performance. As the analyzed biogas plants differed in
their digester types, their supplied feedstocks and their general process performance, we hypothesized
(i) that the three investigated microbiomes varied in their structural composition according to the
prevalent environmental conditions and (ii) that a comparison of the biogas plant specific microbiomes
possibly allows the derivation of system-specific indicative taxa or groups of taxa for certain process
conditions, e.g., due to the supplied feedstocks and their process-related parameters.
2. Materials and Methods
2.1. Characteristics of the Biogas Plants and Sampling of Digester Content
For this study, three manure-based small biogas plants (BPs) were analyzed monthly over a time
period of one year between 2017 and 2018. The analyzed BPs differed in their reactor types/configuration,
their supplied feedstocks, and their general process management (e.g., process temperature) (Table 1).
Information on the general biogas plant characteristics as well as the amount of produced biogas were
provided by the plant operators, while the organic loading rate (OLR) given as the influent volatile
solids (VS) mass rate [kgVS] per unit volume [m3] and day [d] and the hydraulic retention time (HRT)
given in days [d] were calculated based on the provided data (Table 1).
Table 1. Summary of process engineering parameters of the main anaerobic digesters of the analyzed
manure-based small biogas plants (BPs). Given are the mean values and their standard deviation as
well as in brackets the percentage of each feedstock on the total feedstock amount as median value over
a period of one year (one sampling date per month, n = 12). CSTR = continuously stirred tank reactor,
PF = plug flow fermenter, FM = fresh mass, OLR = organic loading rate, HRT = hydraulic retention











Maize silage: 0.6 ± 0.2 (5.1%)
Grass silage: 1.6 ± 0.4 (14.6%)
Liquid cattle manure: 8.3 ± 0.4 (65.8%)
Solid cattle manure: 0.7 ± 0.5 (5.7%)
Chicken manure: 1.1 ± 0.2 (9.7%)
OLR: 2.0 ± 0.4
HRT: 77.2 ± 5.8 41.9 ± 0.1
BP 02
(CSTR)
Maize silage: 0.1 ± 0.1 (0.5%)
Grass silage: 1.3 ± 0.2 (8.2%)
Sugar beet silage: 0.1 ± 0.1 (0.5%)
Liquid cattle manure: 11.0 ± 0.4 (64.8%)
Solid cattle manure: 0.3 ± 0.1 (1.6%)
Horse manure: 4.2 ± 1.3 (27.8%)
OLR: 1.9 ± 0.5
HRT: 58.7 ± 5.6 41.9 ± 0.0
BP 03
(PF)
Liquid cattle manure: 13.5 ± 1.8 (49.5%)
Solid cattle manure: 2.1 ± 0.6 (8.2%)
Others 1: 1.3 ± 0.5 (3.8%)
Recirculate: 13.2 ± 2.5 (56.6%)
OLR: 17.2 ± 2.1
HRT: 7.2 ± 1.0 46.5 ± 4.1
1 Maize grain flour silage, cow feed residues consisting of maize and grass silage and minerals.
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The two identically constructed biogas plants BP 01 and BP 02 consist of one heated (approximately
42 ◦C) digester with a volume of 847 m3 in series with a secondary unheated digester with a volume of
1742 m3 (all continuously stirred tank reactors, CSTRs). Overall, 654 and 450 m3 biogas can be stored
in the gas-tight roof of each digester for BP 01 and BP 02, respectively. Beside these technological
similarities, BP 01 and BP 02 differed in their feedstock composition: In addition to the main feedstocks
liquid and solid cattle manure as well as maize and grass silage, BP 01 was fed with chicken manure
(approximately 10% of the total feedstock amount), while in BP 02, horse manure was supplied
(approximately 28% of the total feedstock amount) (Table 1 and Figure S1). The mean OLRs for BP
01 and BP 02 were 2.0 ± 0.3 and 3.2 ± 0.5 kgVS m−3 d−1 with HRTs of 68.5 ± 5.3 and 50.2 ± 3.3 days,
respectively (Figure S2). Compared to these two BPs, biogas plant BP 03 consists of a heated plug flow
fermenter with a volume of 120 m3, followed by an unheated secondary digester (CSTR) with a volume
of 1680 m3 which is insulated to maintain a temperature of approximately 30 ◦C. At all biogas plants,
a combined heat and power unit produces 75 kW electricity and heat, whereby the electricity is fed
into the grid and the heat is used for heating the fermenter and private houses. The main digester of
BP 03 was operated at a mean temperature of 46.5 ± 4.1 ◦C (Table 1, Figure 1a) and fed with liquid and
solid cattle manure (ca. 80% of the total feedstock amount without recirculation) and small amounts of
maize grain flour silage as well as cattle feed residues consisting of maize and grass silage and minerals
(Table 1 and Figure S1). Compared to BP 01 and BP 02, the OLR of BP 03 was 17.2 ± 2.1 kgVS m−3 d−1,
thus much higher, with a consequently much lower HRT of 7.2 ± 1.0 days (Figure S2). Due to these
general process engineering variations, differences in the overall process performance, especially in the
chemical process parameters, were expected.
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Samples of the main digester content were taken monthly over one year according to
Theuerl et al. [65], considering that the samples were characteristic for the digester content at
the respective operational conditions. Samples were taken via a sampling nozzle/port, whereby the
pipe section was purged at least twice. After sample taking, bottles were stored on ice to reduce the
microbial activity, and directly transferred to the laboratory, where aliquots were taken for chemical
and molecular biological analyses and immediately frozen at −20 ◦C until further analyses.
2.2. Chemical Analyses
The following chemical analyses were conducted on all taken samples: total solids (TS), volatile
solids (VS), total ammonium nitrogen (TAN), various volatile fatty acids (VFA) and pH values according
to standard methods [66]. The free ammonia (NH3) concentration was calculated as a function of the
TAN concentration, the pH and the temperature, according to Hansen et al. [67]. In order to provide
information on the feedstock use efficiency, the VS degradation degree was determined via mass
balance calculations of the in- and output as the mean of the 12-month trial period in combination with
residual methane potential tests of the digestate with a duration of 60 days at 37 ◦C according to VDI
4630 [68].
2.3. Inventory of the Taxonomic Microbiome Diversity
Samples which were used for the taxonomic microbiome inventory were taken after a three-month
lasting lead time under stable process conditions.
In order to record the taxonomic microbiome diversity, in a first step, high-quality DNA was
extracted in triplicates using the FastDNA® spin kit for soil (MP Biomedicals, France) in combination
with the Genomic DNA Clean & ConcentratorTM kit (Zymo Research, USA). Afterwards, 16S rRNA gene
amplicon libraries were constructed by using the “16S Metagenomic Sequencing Library Preparation”
protocol (Illumina Inc., San Diego, CA, USA). The universal primer pair Pro341F/Pro805R [69] was
used to amplify the V3–V4 hypervariable region of the 16S rRNA genes with an average size of 460
base pairs (bp). The obtained amplicons were purified with magnetic beads (Agencourt AMPureXP,
Beckman Coulter Genomics Inc., Brea, CA, USA), while adapter and index sequences were subsequently
added (Nextera XT Index Kit, Illumina Inc., San Diego, CA, USA). The generated amplicon libraries
were sequenced on the Illumina MiSeq platform applying the paired-end protocol for 300 bp reads.
The bioinformatic pre-processing was performed by using a pipeline which includes a previous quality
control of the raw sequencing reads with “FastQC” [70], the merging of the forward and reverse reads
with “FLASH” [71] and the primer removal with “cutadapt” [72]. The program “sickle” [73] was used
for quality trimming based on a quality value of 20 (Q20) and a base call accuracy of 99%. The resulting
high-quality reads were subsampled to a given depth of 50,000 reads for every sample applying the
tool “seqtk” (https://github.com/lh3/seqtk). All following processing steps were carried out within
the QIIME platform which contains a broad range of different tools for high-throughput community
sequencing data [74–76]. For an abundance- and reference-based detection of chimeric sequences,
the program “usearch61” was used [77]. An open reference-based clustering of operational taxonomic
unit (OTU) and a taxonomic assignment was done while using the 16S rDNA SILVA reference database
[release 132, Apr. 2018]. The finally resulting taxa abundances of the triplicates of each sample were
used to calculate the median which was then normalized to 100%. The raw 16S rRNA gene amplicon
sequences are deposited in the European Nucleotide Archive (ENA) under the project PRJEB38916.
2.4. Microbial Community Profiling Using TRFLP and System Ecological Data Evaluation
To profile the dynamic variation of the occurring microbiomes over time, one of the most commonly
applied and reliable fingerprinting techniques, TRFLP, was used [46]. As TRFLP analysis is based
on a restriction digest of fluorescently labelled PCR products, in a first step, high-quality DNA was
extracted (see Section 2.3). TRFLP analysis, in general, was carried out according to the protocol
published by Klang et al. [78]. After DNA extraction, the 16S rRNA genes of bacteria and archaea were
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amplified (three replicates per crude DNA extract) with the primer pairs 27F/926MRr (bacteria) and
Ar109f/Ar912r (archaea), whereby the forward primers were fluorescently labelled with Cy5 at the
5′-end. The PCR products were purified with the Nucleospin Gel and PCR Clean-up kit (Macherey
und Nagel, Düren, Germany) and subsequently digested with MspI and Hin6I (bacteria) or with AluI
(archaea), while the obtained restriction fragments were separated according to their lengths using the
GenomeLab™ GeXP Genetic Analysis System (AB SCIEX Germany GmbH, Darmstadt, Germany).
The obtained raw data were pre-analyzed with the GeXP analysis software (version 10.2), whereby
only profiles (electropherograms) with an internal standard deviation of 0.39 nucleotides (nt) or less
were considered for further analyses [79]. A detailed bioinformatic processing was then performed
using the software package BioNumerics version 7.6 (Applied Maths, Kortrijk, Belgium) according to
Klang et al. [78].
For the statistical analyses, only terminal restriction fragments (TRFs) with a relative abundance
over 1% were used. All statistical analyses were carried out with the R Project for Statistical
Computing [80] using the “vegan” package [81]. In order to evaluate the ecological diversity, meaning
to validate the relationship between (groups of) biological entities (e.g., TRFs) and their environment
(physical and/or chemical conditions), exploratory unconstrained analysis nonmetric multidimensional
scaling (NMDS) was carried out [49,50,82]. The distance matrix for NMDS was calculated using the
Bray–Curtis algorithm [83]. Environmental vectors were calculated using “envfit”, while the results
were sorted according to the highest R2 values with p values of 0.001.
To define ecological thresholds where ecosystem attributes suddenly change due to small variations
in specific environmental drivers, Threshold Indicator Taxa Analysis (TITAN) is a promising method
as it provides not only the detection of potential indicator taxa, but rather as it provides information
for potential community-level change points [51,84], whereby both (micro-) biological parameters such
as taxa abundances [85,86] and chemical parameters such as targeted nutrient concentrations can be
used [87]. TITAN was carried out using the R package “TITAN2” [51,84].
3. Results and Discussion
3.1. Performance of the Analyzed Manure-Based Small Biogas Plants
In general, BP 01 and BP 02 showed an overall stable process performance with low VFA
concentrations (Figure 1b and Table S1), although BP 01 showed with 5.5 ± 1.5 g L−1 high TAN
concentrations (Figure 1c and Table S1), corresponding to 1245 ± 530 mg L−1 NH3 which is caused
by the feeding of chicken manure. Considering that values between 3 to 5 g L−1 (TAN) and 80 to
400 mg L−1 (NH3) are often reported as thresholds for process inhibition [35,36,38–40], the members of
the microbiome of BP 01 seem to be well adapted to the elevated TAN/NH3 concentrations as they
produce similar amounts of biogas as the microbiome of BP 02 (Figure 1d and Table S1). The extent of
VS degradation for BP 01 and BP 02 was 53.0% and 63.4% in the main digester as well as 63.6% and
69.1% in the entire digestion system. The relative residual CH4 potentials, sampled at the secondary
digesters, were 6.4% for BP 01 and 11.5% for BP 02. The higher relative residual CH4 potential for BP
02 is particularly caused by the shorter HRTs of this biogas plant (BP 01: 209 days, BP 02 153 days).
However, the VS degradation degrees and the relative residual CH4 potentials for both biogas plants
are in the expected range.
In contrast, BP 03 was characterized by a highly unstable process performance with VFA
concentrations up to 19.6 g L−1 (Figure 1b, Table S1, and Figure S3). BP 03 was operated under
thermophilic conditions (52 ◦C). Higher process temperatures lead to an increased microbial activity
and hence more biomass is converted into biogas per time unit [40,88–90]. However, an increased
metabolic activity is also associated with higher degradation rates resulting in an accelerated release of
organic acids and other potentially process-inhibiting metabolites, which increases the risk of unstable
process conditions [37]. Exactly these relationships were found in BP 03. As a response to the recorded
increase in the VFA concentration of approximately 14 g L−1 (Figure 1b, Table S1, and Figure S3),
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the plant operator reduced the process temperature from 52 ◦C to 43 ◦C (Figure 1a) and simultaneously
increased the amount of recirculate from the digestate storage tank from 10 to 15 m3 d−1 (Figure S1).
Both modifications apparently led to process stabilization indicated by a decreasing VFA concentration
over a period of two months (Figure 1b and Table S1). This might be related to the reduction in the
overall microbial metabolic activity as well as the increased degradation efficiency, or in this case,
most preferentially the degradation of organic acids by “starved” microorganisms [91,92] which were
in this case already adapted to the mesophilic temperature (32.9 ◦C ± 4.1 ◦C within the digestate storage
tank). Due to the supposed process stabilization, the plant operator increased the process temperature
again (Figure 1a and Table S1), which directly resulted in a serious process disturbance indicated by a
massive drop in the amount of produced biogas (Figure 1d and Table S1). The unfavorable process
conditions were also reflected by the extent of VS degradation, especially in the main digester which
was calculated to be 44.0%. Moreover, the relative residual CH4 potential was 24.9% in month nine
of the 12-month monitoring period. A repeated test one month after the monitoring period showed
the recovery of process stability and performance with a relative residual CH4 potential of 11.1%.
This example shows that changes in the temperature regime should be performed with caution and
slowly so that the microbial community can adapt to the new environmental conditions, particularly in
the temperature range between 41 ◦C and 50 ◦C (e.g., [40,88]). The process disturbance most probably
happened because the microbiome did not have enough time to fully regenerate (see Section 3.3).
Only a further decrease in the process temperature to 43◦C coupled with an increased amount of
recirculate led to an appropriate stabilization of the process over a period of four months. In terms of
process stability, the comparison of the three small-scale manure-based BPs shows that plant operation
under thermophilic conditions is not necessarily favorable, particularly as higher decomposition rates
may result in an enrichment of organic acids, while a stabilization might require the recirculation of
relatively large amounts of digester contents from the post digesters into the main digester of the
corresponding biogas plant.
To draw up an interim balance, the here presented study does not only provide information related
to differences in biogas plant operation such as varying OLRs/HRTs or especially to the handling of
potential process-critical feedstocks such as chicken manure, but it also enables the evaluation of a
supposed long-lasting unstable process phase. Hence, two aspects can be addressed: (i) by comparing
two well-running systems which differ in their general biogas plant operation, especially in their
TAN/NH3 concentrations (caused by the use of chicken manure), this study enables to answer the
question whether there is a point of change where biogas microbiomes potentially differentiate from
each other and (ii) by comparing well-running systems with an unstable system, this study might
provide information on microbiome representatives which are specific either for well-running systems
or for disturbed systems including the potential to define a respective system change point.
3.2. Inventory of the Taxonomic Microbiome Diversity
A total of 2297 OTUs were identified in the analyzed anaerobic digesters, whereas BP 01 contained
1451 OTUs, BP 02 1248 OTUs and BP 03 1510 OTUs. The taxonomic profiles showed an average of
90.2% ± 1.6% from the domain Bacteria, 8.6% ± 1.4 % from the domain Archaea and 1.2% ± 1.9%
of microorganisms that have not yet been classified. The most abundant phyla were Firmicutes
(58.2% ± 6.7%), Actinobacteria (12.2 ± 8.1%), Bacteroidetes (7.6% ± 6.6%), Cloacimonetes (3.8% ± 6.6%),
Proteobacteria (3.3% ± 1.6%) and Euryarchaeota (8.6% ± 1.3%), which generally is in accordance with
previously published studies [55,57,61,93]. However, an in-depth look into the taxonomic profiles
revealed distinct variation in the microbiome structure within the analyzed BPs (Figure 2a,b and
Table S2).
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BP 02 and BP 03 at the phylum (a) and genus (b) level after a three-month lasting lead time.
In BP 01, 92.0% of the recorded OTUs were assigned to the domain Bacteria and 7.9%
to the domain Archaea. The most abundant phyla were Firmicutes (65.6%), Actinobacteria
(19.1%), Proteobacteria (3.7%), Atribacteria (1.1%), Chloroflexi (1.0%) and Euryarchaeota (7.9%)
(Figure 2a) with the predominant genera Brachybacterium (3.1%), Corynebacterium (5.6%),
Fastidiosipila (4.4%), “Lachnospiraceae NK3A20” (3.2%), Paeniclostridium (3.3%), Turicibacter (3.3%),
“uncultured Peptostreptococcaceae” (4.8%), “uncultured Syntrophomonadaceae” (5.4%) and Methanobrevibacter
(6.3%) (Figure 2b). Most notable is the presence of representatives from the phylum Proteobacteria
(3.7%) and in particular the phylum Atribacteria (1.1%). So far, there is no pure or enriched culture
described for a member of the phylum Atribacter. However, metagenome and single-cell-genome
studies showed that members of this phylum are supposed to occur in habitats that contain considerable
amounts of organic carbon but have a relatively low availability of inorganic compounds [94] which
are essential for living under strictly anaerobic conditions. Hence, the assumed fermentative and/or
syntrophic metabolic strategies of members of the phylum Atribacteria such as the genus “Candidatus
Caldatribacterium” are crucial for survival [94]. In addition, the relatively high share of representatives
of the phylum Proteobacteria indicates that syntrophic lifestyles might play an important role in
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this anaerobic digestion system, as this phylum includes genera such as Syntrophobacter, Syntrophus
and Smithella, which are known to convert C3–C6 fatty acids (e.g., propionic acid, butyric acid)
into carbon dioxide (CO2) and hydrogen (H2), which are subsequently converted into methane by
hydrogenotrophic archaea [37,95,96]. This coincides with the high relative abundance of members
of the archaeal genus Methanobrevibacter (6.3%) recorded for this BP (Figure 2b). Taking into account
that BP 01 was fed with chicken manure resulting in high TAN/NH3 concentrations (see Section 3.1),
the occurrence of (obligate) acetoclastic methanogens was impossible or restricted as they are highly
sensitive to elevated TAN/NH3 concentrations [36,97,98].
In BP 02, 89.7% of the recorded OTUs were assigned to the domain Bacteria and 10.2% to the domain
Archaea. The most abundant phyla within the microbiome were Firmicutes (52.6%), Bacteroidetes
(12.3%), Cloacimonetes (11.5%), Actinobacteria (3.4%) and Euryarchaeota (10.1%) (Figure 2a). Compared
to BP 01, most notable for this BP are the high relative abundances of members of the both phyla
Bacteroidetes and Cloacimonetes, which are assumed to be microbial indicators for a well-running
mesophilic system, if they occur together with members from the archaeal genus Methanosaeta
(syn. Methanotrhix) [65], which were found with a relative abundance of 7.8%. The question arises
whether members of these groups are sensitive to unfavourable process conditions, e.g., elevated
TAN/NH3 concentrations caused by the supply of supposedly high amounts of grass silage and chicken
manure (comparing BG 01 with BP 02), and hence whether they are potential indicative taxa which can
be used to elucidate points where ecosystem traits/features suddenly change (see Section 3.3).
In BP 03, 89.0% of the recorded OTUs were assigned to the domain Bacteria and 7.7% to the domain
Archaea. The most abundant phyla within the microbiome were Firmicutes (56.5%), Actinobacteria
(14.2%), Bacteroidetes (10.4%), Proteobacteria (4.7%) and Euryarchaeota (7.7%) (Figure 2a) with the
predominant genera Corynebacterium (4.7%), Paeniclostridium (5.1%), “Rikenellaceae RC9 gut group”
(4.9%), Syntrophococcus (2.7%), Turicibacter (2:5%), “uncultured Lachnospiraceae” (2.1%), “uncultured
Peptostreptococcaceae” (6.7%) and Methanobrevibacter (7.2%) (Figure 2b).
Besides the mentioned differences, common to all three biogas plants is the occurrence of
representatives from the phyla Firmicutes and Actinobacteria. While members of the phylum
Firmicutes are frequently found within anaerobic digesters, members of the phylum Actinobacteria are
far less recognized. Representatives of this phylum are well-known for two reasons: (i) as important
pathogens causing serious diseases such as tuberculosis, leprosy or diphtheria and (ii) as important
producers of drugs, particularly antibiotics, considerably reducing the impact of infectious diseases
in the last century [99]. However, during recent years, their relevance as decomposers of supposed
recalcitrant organic matter, especially lignocellulose, and hence their potential to contribute to the
production of bio-based products (energy and materials) while reducing carbon emission have come into
consideration [99,100]. Hence, their high relative abundance within the microbiomes of the analyzed
biogas plants, especially within BG 01 with almost 20%, is probably related to their role in hydrolyzing
complex carbohydrates and/or nitrogenous compounds derived from the grass silage and chicken
manure. There are indications that members of the phylum Actinobacteria might specifically occur in
anaerobic digestion systems with higher amounts of excrements (manure from livestock husbandry
or wastewater sludge) as revealed by a comparison with previously published studies [55,61,93,101].
However, a comprehensive (meta-) study would be necessary considering the microbiome structure
of various digestion system as well as of the gastrointestinal tract of various animals in order to
significantly elucidate their system specificity and the origin they derive from.
3.3. Dynamic Variation of the Microbial Community Over Time
In order to elucidate the dynamic variations of the microbial communities over time, especially
for BP 03, TRFLP analyses were carried out separately for the bacterial and archaeal communities.
The temporal microbiome profiles were related to the prevalent abiotic parameters (e.g., feedstock
supply, OLR, HRT, process temperature, VFA, TAN/NH3, produced biogas amount) by NMDS
analyses [49,50,82] as shown in Figure 3.
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Figure 3. Non-metric multidimensional scaling (NMDS) analysis based either on the prevalent
process engineering and process chemical parameters (a) or the detected bacterial terminal restriction
fragments (given in gray dots with numbers) (b) of the three analyzed manure-based small biogas
plants. Each colored dot symbolizes one sampling point of the respective biogas plant. Marked with a
star (∗) are abiotic parameters with p = 0.001. OLR = organic loading rate, HRT = hydraulic retention
time, TAN = total ammonium nitrogen, TKN = total Kjeldahl nitrogen, LCM = liquid cattle manure,
SCM = solid cattle manure.
As expected, the NMDS analysis based on the process engineering and process chemical parameters
revealed a clear separation of the three small-scale manure-based BPs (Figure 3a). As indicated by the
compressed sampling point location of BP 01 and BP 02 within the ordination plot, the underlying
datasets of each BP were quite similar, suggesting a stable process performance over time. However,
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BP 01 and BP 02 were significantly affected by the feedstocks chicken manure and horse manure,
resulting in a separate clustering of both BPs. These two feedstocks seem to have a significant
impact on the structural composition of the microbial community, particularly at the archaeal level
(Figure S4). During the entire sampling period, BP 01 had a more diverse archaeal community
including members of the genera Methanobacterium/Methanobrevibacter (TRF342), Methanomassiliicoccus
(TRF470) and Methanosarcina (TRF625), while BP 02 showed a clear dominance (≥ 60 %) of the genus
Methanosaeta (TRF106) (Figure S4). Considering that members of the genus Methanosaeta dominate
anaerobic digestion systems at low concentrations of VFA and TAN (100–150 mg L−1 and 3.0 g L−1,
respectively) [98], the high relative abundance in BP 02 was not surprising as both the VFA and the TAN
concentrations were with 64 ± 35 mg L−1 and 2.5 ± 0.4 g L−1 under the threshold values. In addition,
Theuerl et al. [65] investigated the microbiome structures of 36 anaerobic digestion microbiomes
originating from 22 BPs and assumed that the occurrence of members from the archaeal genus
Methanosaeta (syn. Methanothrix) are indicators for stable process conditions if they are co-detected with
members from the bacterial phyla Bacteriodetes and Cloacimonetes. For BP 02, the NMDS analysis,
for example, revealed that TRF89 and TRF91 (both phylum Bacteroidetes, order Bacteroidales) as well
as TRF161 (phylum Cloacimonetes) were significantly related (R2 > 0.6, p = 0.001) to the respective
microbiome structure (Figure 3b).
In comparison with BP 01 and BP 02, very unstable process conditions over time were recorded
for BP 03 (see Section 3.1), which are reflected in a high degree of variability within the microbiome
structure over time (Figure 3b and Figure S4). As already mentioned, BP 03 was actually planned
to be operated under thermophilic conditions (52 ◦C) which is generally related to a higher biomass
degradation rate due to a higher metabolic activity of the occurring microorganisms but also to an
accelerated release of organic acids or other process-inhibiting metabolites [37]. Due to an increase in
the VFA concentration (Figure 1b) which was accompanied by changes in the structural composition of
the microbiome (Figure S4), the plant operator reduced the process temperature to 42◦C and increased
the amount of recirculate from the digestate storage tank. Both modifications apparently led to
process stabilization, indicated by a decreased VFA concentration (Figure 1b), whereby the microbial
community seemed to be resilient [102] and was thus assumed to return to its original state after the
process instability (Figure S4). Considering the microbiome structure at the time of the supposed stable
process phase (time points 06/07 in Figure S4), it is noticeable, particularly at the bacterial level, that the
microbiome had not yet fully stabilized again (comparison with time points 01–03 in Figure S4). Hence,
the following process disturbance due to a temperature increase was retrospectively not surprising.
These findings are in accordance with other studies, which examined how changes in the temperature
regime affect the structure of the microbial community and the associated process stability, revealing
that unstable process conditions have to be expected, particularly in the temperature range between
44 ◦C and 50 ◦C [40,88]. The risk of a process disturbance was enhanced by the plant operator because
he did not give the microbial community enough time to regenerate/stabilize after the first instability.
Only a further temperature decrease, coupled with an increase in the amount of recirculate, led to an
appropriate stabilization of the microbiome structure and hence of the process performance over a
period of four months, whereby the structural composition of the microbial community still remained
highly variable until the end of the monitoring period (Figure S4).
However, in order to ensure a high process stability and efficiency with low susceptibility to
disturbances [37], the challenge is to define the point at which a certain system attribute, for example,
the VFA or TAN/NH3 concentration, switches corresponding to a distinct change in the microbiome
structure or in particular in indicative microbiome representatives.
3.4. Community-Level Change Points and Potential Indicator Taxa
One main objective was to derive community-level and indicative taxa change points for certain
process parameters and hence to provide benchmarks that indicate impending critical process
conditions. By using TITAN, change points for several bacterial TRFs responding negatively (decreasing
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abundances) or positively (increasing abundances) to elevated TAN/NH3 and VFA concentrations
were determined (Figures 4 and 5, Table S3).
TITAN revealed the occurrence of reliable indicative TRFs which are either negatively or positively
correlated with increasing amounts of grass silage and/or liquid cattle manure and in particular with
increasing TAN and NH3 concentrations (Figure 4). A certain number of indicative TRFs could be
identified for all tested “environmental” gradients (marked in green in Figure 4). Considering the
threshold values for process inhibition of 3–5 g L−1 for TAN and 80–400 mg L−1 for NH3 [35,36,38,39],
previous and current research aimed at defining recommendations for an optimized plant operation
by providing values which indicate upcoming critical process states. In this regard, TITAN recorded
with 2.20 (negative response) and 3.00 g L−1 (positive response), intersecting at 2.25 g L−1 for the TAN
concentration and with 331 (negative response) and 625 mg L−1 (positive response), intersecting at 193
mg L−1 for the NH3 concentration (Table S3) community-level change points below the commonly
reported process inhibition thresholds. Of course, a change in the microbial community structure does
not necessarily indicate an upcoming critical process stage as the microbiomes can adapt to elevated
TAN and NH3 concentrations with an overall stable biogas production [39,41,42], which was also
found for BP 01. However, the recorded community-level change points might be a first indication to
be attentive.
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Figure 4. Threshold Indicator Taxa Analysis (TITAN) of the individual density of detected terminal
restriction fragments (TRFs) in response to the gradient of the amount of grass silage and liquid cattle
manure (LCM) as well as the concentrations of total ammonium nitrogen (TAN) and ammonia nitrogen
(NH3). Circles represent the change points of indicative TRFs that decreased (black, negative response,
left y-axis) or increased (white, positive response, right y-axis) with increasing gradients and are sized
based on the magnitude of the response (z-score; the larger the circle, the stronger the response).
Horizontal lines represent 5th and 95th quantiles of 500 bootstrap replicates. Color code: green = TRFs
recorded in all four gradients, blue = TRFs recorded in the gradients for the amount of grass silages as
well as the co centration of TAN and NH3, violet = TRFs recorded for the gradients of the TAN and
NH3concentrations.
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Figure 5. Threshold Indicator Taxa Analysis (TITAN) on the individual density of detected terminal
restriction fragments (TRFs) in response to the gradients of the total volatile fatty acids (VFA), acetic
acid (HAc), propionic acid (HPr) concentration and the pH value. Circles represent the change
points of indicative TRFs that decreased (black, negative response, left y-axis) or increased (white,
positive response, right y-axis) with increasing gradients and are sized based on the magnitude of
the response (z-score; the larger the circle, the stronger the response). Horizontal lines represent
5th and 95th quantiles of 500 bootstrap replicates. Color code: green = negative responding TRFs
in all gradients except pH value, blue = positive responding TRFs in all gradient except pH value,
violet = negative/positive responding TRFs for VFA and HAc concentration.
Considering an overload of the microbial degradation potential which is often accompanied by
an acid accu ulation [37], TITAN revealed that the majority of reliable indicative taxa (symbolized
by TRFs on the left y-axis in Figure 5) respon ed negatively to an incre sing total VFA concentration
and particularly to increasing concentr tions of acetic and ropionic acid. Most of them responded
highly sensitive as indic ted by the low change point values (Figure 5). Among the highly sensitive
responding TRFs, almost all assignable TRFs belong to the two phyla Bacteroidetes (TRF X88, X89,
X91 and X156) and Cloacimonetes (TRF X161) which again supports the assumption of Theuerl et al. [65]
that these taxa might be indicators of well-running mesophilic anaerobic digestion systems. However,
community-level change points were recorded at 0.15 (negative response) and 1.55 g L−1 (positive
response) for the VFA concentration, at 0.12 (negative response) and 1.16 g L−1 (positive response)
for the acetic acid concentration and at 0.04 (negative response) and 1.94 g L−1 (positive response)
for the propionic acid concentration (Table S3). Both curves intersect at 0.75 g L−1 (VFA), 0.56 g L−1
(acetic acid) and 0.3 g L−1 (propionic acid), the points after which the sharpest changes within the
microbiome structure occur. Based on the presented results, it can be assumed that well-running
systems are characterized by organic acid values near the detection limit (as it was recorded for BP
02), whereby values higher than 0.75 g L−1 for total VFA concentration might be indicative of being
aware of an upcoming critical process stage due to the sharp c ange within the microbiome structure.
Although this is in contrast to Drosg [103], who postulat d that VFA values only higher than 4.0 g L−1
indicate unfavorable pro ess condit ns, th pr sented results are not surprising as mo t chemical
parameters which indicate process instabilities/disturbances (VFA, TAN/NH3, H2S or H2) result from
previous microbial activities [37]. Consequently, changes in the microbiome structure are detected
earlier. However, the question arises which taxa out of the entire microbiome are indicative for an
upcoming critical process stage. So far, there is no reliable evidence whether the positively or the
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negatively responding taxa which occur after the intersect point along the increasing gradient might be
indicators as a TITAN analysis for the amount of produced biogas did not give valid results (Figure S5).
Summarizing, the question remains whether community-level change points and recorded
positively or negatively responding taxa might be indicators for upcoming critical process stages.
Promising might be an approach which considers all reliable indicative taxa which respond negatively
to, e.g., increasing VFA or elevated TAN/NH3 concentrations after the point where the community-level
change points for negative and positive responses intersect, as this indicates the point at which there is
a distinct change in a particular ecosystem attribute. In contrast and with special emphasis on elevated
TAN/NH3 concentrations, strongly positively responding reliable indicative taxa could be evidence for
a well-adapted system with an overall stable production of sufficient amounts of biogas. However,
further research is needed to verify the here presented results.
4. Conclusions
The microbiomes of the three manure-based small-scale biogas plants differed significantly
depending on feedstocks and process conditions. However, common to all three biogas plants was
the occurrence of the phylum Actinobacteria with high abundances of up to 19.1% which might be
a specific characteristic of manure-fed biogas plants. Reliable values for ecological change points in
terms of distinct change points for both the entire communities and specific microbiome taxa at TAN
and NH3 concentrations of 2.25 g L−1 and 193 mg L−1 or at VFA concentrations of 0.75 g L−1 were
identified. These values are lower than the commonly reported thresholds for critical process stages
based on chemical parameters, which supports the assumption that microorganisms show an earlier
response to changing process conditions since the chemical parameters result from previous microbial
activities. Specific microbiome members, particularly of the phyla Bacteroidetes and Cloacimonetes
responded highly sensitively to increasing TAN/NH3 or VFA concentrations and hence can potentially
be used in order to assess the process performance. However, further research with broader data
sets (e.g., a representative number of well-running and unstable digesters, longer monitoring phases,
a deeper taxonomic and functional microbiome profiling) is needed to verify the results presented here.
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Figure S1: Feedstock composition of the analyzed manure-based small biogas plants BP 01 (a), BP 02 (b) and
BP 03 (c) over a time period of one year, Figure S2: Organic loading rate (a) and the corresponding hydraulic
retention time (b) of the analyzed manure-based small biogas plants over a time period of one year, Figure S3:
Recorded volatile fatty acid spectrum of the analyzed manure-based small biogas plants BP 01 (a), BP 02 (b)
and BP 03 (c) over a time period of one year. To be considered: different axis scaling, Figure S4: Distribution
diagrams of the recorded bacterial (a, c, e) and archaeal (b, d, f) terminal restriction fragment (TRFs) based on their
relative abundance within the three investigated manure-based small biogas plants BP 01 (a, b), BP 02 (c, d) and
BP 03 (e, f), Figure S5: Threshold Indicator Taxa Analysis (TITAN) on the individual density of detected terminal
restriction fragments (TRFs) in response to the amount of produced biogas. Circles represent the change points of
indicative TRFs that decreased (black, negative response, left y-axis) or increased (white, positive response, right
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replicates, Table S1: Summary of process engineering and process chemical parameters of the main anaerobic
digesters of the analyzed manure-based small biogas plants over the entire sampling period. FM = fresh mass,
OLR = organic loading rate, HRT = hydraulic retention time, ns = not supplied, TS = total solids, VS = volatile
solids, TAN = total ammonium nitrogen, NH3 = free ammonia nitrogen, HAc = acetic acid, HPr = propionic acid,
HiB = iso-butyric acid, HnB, n-butyric acid, HiV = iso-valeric acid, HnV = n-valeric acid, HC = capronic acid,
VFA = volatile fatty acids, CH4 = methane, Table S2: Taxonomic profiles at the phylum and genus level of the
main anaerobic digesters of the analyzed manure-based small biogas plants after a three month lasting lead time,
Table S3: Community-level change points (ComCP) for selected operational and chemical process parameters
based on the performed Threshold Indicator Taxa Analysis (TITAN) for negative (fsum[z-]) and positive (fsum[z+])
responders using only those taxa (terminal restriction fragment, TRFs) that are determined to be pure and reliable
indicators. VFA = volatile fatty acids, HAc = acetic acid, HPr = propionic acid, LCM = liquid cattle manure,
TAN = total ammonium nitrogen, NH3 = ammonia nitrogen.
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